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The physical and chemical properties of biological membranes are intimately linked to their bounding
aqueous interfaces. Supported phospholipid bilayers, obtained by surface-assisted rupture, fusion, and
spreading of vesicular microphases, offer a unique opportunity, because engineering the substrate allows
manipulation of one of the two bilayer interfaces as well. Here, we review a collection of recent efforts, which
illustrates deliberate substrate–membrane coupling using structured surfaces exhibiting chemical and
topographic patterns. Vesicle fusion on chemically patterned substrates results in co-existing lipid phases,
which reflect the underlying pattern of surface energy and wettability. These co-existing bilayer/monolayer
morphologies are useful both for fundamental biophysical studies (e.g., studies of membrane asymmetry) as
well as for applied work, such as synthesizing large-scale arrays of bilayers or living cells. The use of
patterned, static surfaces provides new models to design complex membrane topographies and curvatures.
Dynamic switchable-topography surfaces and sacrificial trehalose based-substrates reveal abilities to
dynamically introduce membrane curvature and change the nature of the membrane–substrate interface.
Taken together, these studies illustrate the importance of controlling interfaces in devising model membrane
platforms for fundamental biophysical studies and bioanalytical devices.
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1. Introduction

Bimolecular organization of lipids, or the lipid bilayer configura-
tion, represents a universal motif for controlling cellular organization
in living systems [1]. It represents a defining feature of biological
membranes [2], and generally serves to compartmentalize cellular
functions, as well as mediate many biological functions by providing a
defined surface/interface for cell-surface recognition, signaling, and
transport [3]. From a structural point of view, a unique feature of the
lipid bilayer is that it is bounded by two independent aqueous phases,
e.g., intracellular milieu and the extra-cellular matrix for plasma
membranes, which in turn produces two topologically connected
membrane–water interfaces separated only by a barrier of 4–5 nm [4].
Precise physical properties of each of these two, bilayer–bulk water
and bilayer–substrate, interfaces, and the structural and composi-
tional gradients they generate, influence the organization and many
physical and chemical properties of biological membranes.

Over the past decades, understanding the importance of mem-
brane interfaces in modulating membrane physical and chemical
properties has been greatly facilitated by model membrane config-
urations. The earliest model systems for biological membranes were
the so-called “black lipid membranes,” which consist of a phospho-
lipid bilayer across an aperture separating two independently
adjusted semi-infinite aqueous compartments [5–7]. Closed model
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membranes, including uni- and multilamellar phospholipid vesicles,
known as smectic mesophases [8] or liposomes [9], have afforded
studies of how lipid organization is influenced by single compart-
mentalized interfaces embedded in semi-infinite aqueous ambient
phases. Further, the organization of lipids as single monomolecular
“Langmuir” layers at the aqueous interfaces of air [3,10–12]
represents another generic class of model membrane configurations
that has yielded useful information regarding the role of single
membrane–water interfaces in modulating properties of the lipid
layer. But while the interfaces of lipid with its surroundings are
important in defining the physical properties of lipid films in any
configuration, supporting lipid bilayers on solid surfaces allows the
unique opportunity to manipulate its interfaces, for instance by
engineering the substrate, thus controlling the physical properties in a
defined manner.

From this vantage point, a systematic control of the property of
specific membrane interfaces can best be achieved using various solid
supports to template lipid organization at their surfaces. These so-
called supportedmembranes [13] can be formed simply by presenting
vesicular microphases of lipids to the solid–liquid interfaces. Under a
broad range of ambient conditions, the vesicles rupture and spread
spontaneously at the solid templates producing well-defined mem-
brane phases [14]. Alternatively, they can also be formed from dried
lipid stacks, which spread upon controlled hydration over the
template surface [15,16]. The macroscopic character of the templating
support is “epitaxially” reflected in the membrane organization. For
instance, planar, tubular, and spherical substrates immediately
impose respective geometrical constraints on the macroscopic
nature of the membrane organization achieved. Furthermore, these
substrate-supported bilayers are separated from the substrate surface
through an intervening cushion layer [17] (e.g., a hydration layer of
water variously estimated between 6 and 20 Å thick [18–20]), in
equilibrium with its bulk surrounding on the opposite side of the
bilayer.

Although water is present on both sides of the bilayer, the mo-
lecularly small thickness of the water-filled cleft between the
substrate and the bilayer raises the question of whether the water
in such narrow confinement can recapitulate the properties of the
bulk water on the other side [21]. Further, in topologically or chem-
ically structured surfaces, the amount of water at the substrate
interface is unknown and the membrane–substrate interactions are
likely altered [22]. In addition, the charge at the substrate surface has a
strong influence on the overlying bilayer such as shown recently by us
[23] and others [24]. While the physical properties of the substrate-
bound hydration layer at the membrane–substrate interface remain
incompletely understood [21,25], work in other systems can provide a
rough qualitative estimate for how water can become structured
when confined to ultra-thin layers (e.g., a thickness of only a few
bilayers of water molecules). Several previous theoretical and
experimental studies of water in confinement suggest that, in
comparison to bulk water, water in ultra-thin layers is more ordered
with higher viscosity and lower dielectric constants [26,27]. This
picture of water confined between membrane and substrate surface
argues against a complete decoupling of the membrane bilayer from
substrate interactions. Consistent with these predictions, many
examples now confirm that characteristics of the lipid bilayer remain
at least partially coupled with many physical properties (e.g., charge,
wettability, and topography) of the substrate surface.

Suchmembrane–substrate coupling can lead to important and often
undesirable consequences. For instance, the presence of net substrate
charge can significantly alter lipid assembly at the substrate surfaces
inducing overall and leaflet-dependent compositional asymmetry in
supported bilayers not found in their parent vesicles [23,24,28].
Similarly, a strongly interacting substrate can induce frictional coupling
of at least the proximal (near-substrate) leaflet of the bilayer, which in
turn may affect the leaflet–leaflet interactions [29–31]. Some recent
studies also suggest independent melting characteristics for the
proximal and the distal leaflets of bilayers when they cross their gel–
fluid transition temperatures [32,33].

In this regard, many efforts have reported strategies to efficiently
decouple substrate–membrane interactions. A central driving force
for this focus is that the native hydration layer is insufficient in
thickness to eliminate contacts between membrane proteins with
large extra-membrane domains and the substrate. Such contacts may
frustrate the conformational and translational dynamics required to
reconstitute proteins in their functional states within the supported
membrane configuration [13,34–36]. Moreover as noted above, there
is also an appreciation that frictional or electrostatic coupling between
the substrate and at least the proximal leaflet of the lipid bilayer may
introduce undesirable asymmetries in structural, compositional,
mechanical (e.g., drag), and dynamic properties of supported mem-
branes. To this end, a variety of approaches aimed at cushioning the
membrane–substrate interphase region using intermediate or inter-
calated “soft” cushioning layers of water (in the 10–100 nm thickness
range) by incorporating hydrophilic tethers, hydrogels, polymers
(e.g., poly(ethylene) glycol) and biopolymers (e.g., chitosan), all have
proved successful [35,37–39,13,34,35,37,40–44]. These investigations
have been recently reviewed elsewhere [13,35].

The notion that deliberate coupling of substrate properties with a
membrane bilayer can produce potentially useful templated mem-
brane configurations has, in contrast, received much less attention
[45]. Because surface properties of solids, which include wettability,
topography, dimensionality, and surface electrostatics, can all be
systematically tailored, and in some instances dynamically altered, it
appears that careful control of substrate properties can provide a
simple and effective means to template many membrane properties
including spatial molecular distributions, compositional heterogene-
ities, lateral tension, packing density, curvature, and even membrane
morphologies. Moreover, recent advances in patterning and surface
modification methods [46,47] (chemical and topographical) allow
fabricating substrate surfaces that exhibit an unprecedented level of
control of spatial variations in substrate properties at micro- to nano-
meter length scales. Use of such structured surfaces then provides a
means to spatially vary substrate–membrane interactions, which in
turn should template co-existing surface patterns of membrane prop-
erties within single lipid films. These opportunities are only beginning
to be explored [48–54].

There are at least three additional reasons for developing the
supported lipid bilayer (SLB) configuration. First, because of their
thin-film format, SLBs are amenable to characterization by a broad
variety of surface science based tools including most notably
epifluorescence microscopy-based methods, scanning probe micros-
copies, and imaging ellipsometry. Indeed, the physical chemical
characteristics of bilayer membranes have been greatly elucidated
using the SLB construct. Examples include two-dimensional fluidity
[55,56], material elasticity [57], electrical properties [58,59], phase
behavior, including lateral phase separation [60,61], and fluid–fluid
immiscibility (e.g., co-existing phases and lipid rafts) [62–65] Second,
one of the original motivations for the development of supported
membranes, namely presentation ofmembrane receptors to cells [66],
is proving highly valuable in dissecting molecular events surrounding
many classes of cell–cell interactions (e.g., immunological synapse,
cell adhesion, inflammation, etc.) as well as in understanding how
physical properties of membranes can be used to reprogram cellular
behavior [67]. Third, because supported membranes integrate a fluid
phospholipid structure with a solid surface, they are also relevant to
the design of synthetic biocompatible constructs, membrane-based
biosensors and devices, and analytical platforms for assaying
membrane-based processes [14,43,68–70].

Here,we reviewa collection of recent experiments,which illustrate
deliberate substrate–membrane coupling using simple structured
surfaces exhibiting binary chemical and topographic patterns. These
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experiments demonstrate the suitability of the supported membrane
configuration in offering a direct interface-mediated control of lipid
organization (e.g., mono- and bilayer morphologies), physical prop-
erties (e.g., curvature), and dynamical reorganization (e.g., membrane
re-equilibration) and their indirect influences on many other
membrane biophysical characteristics (e.g., phase separation, phase
transition, membrane tension, etc.). Rather than producing an
exhaustive list of relevant experiments, the current review aims to
illustrate this idea through a collection of efforts from our and other
laboratories.

2. Controlling membrane organization using chemically
patterned substrates

Interfacial control of lipid organization is most obvious in free
bilayers embedded in aqueous phases. Phenomenologically, the so-
called hydrophobic effect serves as a primary driving force in
orienting individual lipids into a bilayer motif [71]. It promotes
polar head-group interactions with the interfacial water and screens
the exposure of the hydrophobic acyl chains. This interfacial effect in
conjunction with intermolecular van der Waals interactions, hydra-
tion forces, and electrostatic interactions determines the details of
membrane organization within lipid bilayers. In this regard, use of
substrates exhibiting markedly different interfacial properties should
allow a control over membrane organization. Indeed, it is now well
established that at high-energy hydrophilic surfaces, exposure to
unilamellar vesicles results in the formation of single supported lipid
bilayers [15,72,73]. In contrast, low-energy hydrophobic supports
foster vesicle spreading by an entirely different mechanism, which
consistently produces single lipid monolayers [74–78]. Based on
the above, it seems likely that single substrates exhibiting pre-
determined variations in interfacial free energies should yield novel
lipid organizations reflecting local variations in interface properties.

Static two-dimensional patterns of interfacial free energy are
straightforward to prepare using chemical patterning methods. The
surface chemistry of several bilayer-supporting substrates (e.g., clean
silica, silicon, or mica) are easily manipulated using such techniques as
optical lithography, micro-contact printing, dip-pen nano-lithography,
or soft lithography to create patterns in the nanoscopic to microscopic
range [47,79]. The basis for these methods is the covalent bonds that
form between alkylsiloxanes and oxidized silica (e.g. SiO2), which allow
the self-assembly of uniform hydrophobic monolayers over the
hydrophilic oxidized surface. Indeed, similar techniques have been
used to deposit monolayers over coinage metals (Au, Ag, Cu) using
alkanethiols as well [80]. However, standard vesicle fusion often fails to
produce uniform films over such substrates, as the vesicles tend to
adhere to the exposed metal without rupturing, producing inhomoge-
neous patches of intact vesicles [81,82]. Since the benefits to having a
conducting surface as the membrane support would be numerous, a
possible method for obviating this barrier to achieving uniform bilayers
over coinage metals is discussed below.

A facile technique, which can be used to control the surface
chemistry (i.e., wettability) of bilayer-supporting substrates, consists
of deep UV-illumination of a self-assembled alkylsiloxane monolayer
through a photo-mask, resulting in features of microscopic or
macroscopic dimension [53,83]. Specifically, we allow the formation
of an octadecyltrichlorosilane (OTS) monolayer on newly oxidized
silica or silicon supports by classical solution-phase self-assembly
[83,84]. The resultant monolayer is illuminated with an ozone-
producing UV lamp (medium-pressure Hg discharge grid lamp in a
quartz envelope) through a physical mask composed of chrome over
quartz. As UV/ozone ablates the OTS monolayer in unprotected areas,
this technique produces alternating regions of hydrophobic and
hydrophilic character in any geometry available on a photo-mask [53].

When vesicle fusion or lipid spreading is conducted on surfaces of
patterned OTS on SiO2, lipid bilayers are produced in the hydrophilic
regions, while lipid monolayers are produced in the hydrophobic
areas where the OTS remains [16,53] (Fig. 1, panel 1). The result is a
unique arrangement of mono- and bimolecular films, which makes
possible the construction of complex biomembrane models. Interest-
ingly, fluorescence recovery after photobleaching (FRAP) studies have
shown that, while the individual mono- and bilayer regions exhibit
lateral diffusion coefficients in the expected range, the two types of
features are discontinuous. That is, diffusion is not possible between
the mono- and bilayer films, as evidenced by FRAP data showing that
fluorescence recovery does occur within, but not between features
[53] (Fig. 1, panels 2 and 3). The blockade to inter-feature diffusion is
thought to be due to the presence of a poorly characterized region,
which supports neither mono- or bilayer lipidic films. This so-called
“moat” region is lipophobic, but does support the adsorption of
proteins, such as bovine serum albumin and streptavidin, and in this
regard is similar to the hydrophobic OTS [53] (Fig. 1, panel 4). In this
way, two-dimensional chemically produced patterns of differential
interfacial energy or wettability can be translated into intricate mono-
and bimolecular lipidic patterns exhibiting deliberate fluidity barriers.
Notably, on patterned substrates with some 3D character (e.g.,
mesoporous silica), the barrier to lateral diffusion does not exist,
and communication is possible between the mono- and bilayer
regions at the top leaflet [85]. Thus, the level of lateral communication
between the different regions of the patterned lipid film is tunable
through manipulation of the substrate.

The unique character of the lipidicmorphologies obtained here has
many practical uses. The patterns of juxtaposed bilayers and mono-
layers derived from a single vesicular source on single substrates
provide a general means to study many biophysical questions and
design biomimetic platforms to array bilayer (or monolayer) specific
functionalities. The variety of applications is demonstrated in the
following two examples wherein the application of the construct
provides new biophysical insights.

First, we find that co-existing lipid mono- and bilayer patterns
provide a generic means to determine the leaflet-dependent compo-
sitional asymmetry within the supported membranes. In a recent
study, we examined the leaflet-dependent partitioning preferences of
glycolipid GM1 (monosialo ganglioside) and Texas Red-DHPE mole-
cules in supported membranes. GM1, a native receptor for cholera
toxin [86] and a raft-partitioning molecule [87], is widely used to
characterize protein–sugar interactions and lipid rafts. Texas Red
conjugated lipids are broadly employed as fluorescent probes to
visualize cellular and model membranes. We presented composition-
ally symmetric POPC vesicles containing 2 mol% GM1 to patterned
OTS templates and subsequently exposed the patterned lipid
morphologies to a FITC (fluorescein-5-isothiocyanate)-labeled chol-
era toxin (B5 subunit, CTB) solution. Representative ellipsometric and
epifluorescence data shown in Fig. 2, panel 1 confirm a notably higher
binding of cholera toxin to the bilayer regions of the sample. To
analyze these observations, we recall that ellipsometric data suggest
that themolecular packing densities in the outer leaflets of mono- and
bilayers are comparable [23]. Furthermore, assuming that vesicles
transferred to the hydrophilic and hydrophobic surfaces do not show
preferential exclusion (or inclusion) of POPC or GM1, we infer a
significant enrichment of GM1 in the distal leaflet (farther from the
substrate) of the bilayer regions. This enrichment presumably occurs
because of the substrate electrostatic-driven rearrangement of
charged molecules during the vesicle spreading process. The und-
erlying assumptions of (a) comparable GM1 densities accessible to
cholera toxin binding in mono- and bilayer configurations; and
(b) linear correlation between CTB binding and GM1 concentrations
are described in considerable detail in the original source publication
and details of these calculations are provided in the corresponding
supplemental material [23].

Next, when the starting vesicles contain a small concentration of
head-labeled Texas Red-DHPE (0.5–1 mol%) in addition to the GM1,



Fig. 1. Panel 1 shows a schematic representation of vesicle fusion over patterned OTS, producing a lipid bilayer in the exposed glass regions and a lipid monolayer over the OTS
regions. Panel 2 shows a FRAP experiment resulting in fluorescence recovery in both the bilayer regions (bright squares) and the monolayer regions (grid pattern). Panel 3 shows a
FRAP experiment indicating that fluorescence recovery does not occur between features. Panel 4 shows FITC-labeled BSA can adsorb to the “moat” region, similar to a bare OTS
monolayer lacking lipids.
Adapted from Howland et al., JACS 2005 [53].
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distinctly different fluorescence emission patterns emerge (Fig. 2, panel
2). Epifluorescence images in the FITC channel (1st image) reveal a
markedly diminished intensity for bilayer regions despite greater
Fig. 2. Panel 1: The first image shows the ellipsometric thickness map of mono- and bilayer p
image shows the ellipsometric profile for the same sample after incubation with FITC-CTB.
sample on glass revealing FITC (green channel) emission due to CTB adsorption. Panel 2: Epi
emission) fluorescence patterns of a comparable sample containing 1 mol% TR-DHPE and 1
channel micrograph of a comparable sample.
Adapted from Shreve et al., Langmuir 2008 [23].
amount of FITC-CTB. Because FITC (excitation, 490 nm; emission,
525 nm; 490/525) is known to be quenched efficiently when in close
proximity to Texas Red (590/615) in lipid layers [88,89], the observed
atterns consisting of 1 mol% GM1 and 99 mol% POPC in 75 mM PBSmedium. The middle
The third image represents an epifluorescence micrograph of an identical companion
fluorescence images showing the green channel (FITC-CTB emission) and red (TR-DHPE
mol% GM1 lipid after incubation with FITC-CTB. The third image represents the FRET
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diminution in fluorescence intensity suggests Forster resonance energy
transfer (FRET) between the two complementary probes. The FRET
channel image in Fig. 2, panel 2 (3rd image) (490/615), corrected for
bleed-through in our experimental geometry, confirms this inference.
Because FRET efficiency decreases rapidly with the separation between
donor and acceptor probes (Forster radius for FITC-Texas Red pair is
∼5 nm), and a significantly higher amount of FITC-CTB is present in the
bilayers, the observed enhancement of FRET signal can be explained in
terms of a greater population of Texas Red-DHPE probe in the distal
leaflet of supported membranes. Taken together, these results are
consistent with the notion that many negatively charged lipids reorient
such as to populate distal leaflets when organized as fluid bilayers on
negatively charged substrates (e. g., silica). Furthermore, the applica-
tions above illustrate the general use of this construct to estimate
partitioning preferences of specific molecules across the two lipid
leaflets.

Second, the patterns of lipid mono- and bilayers can influence the
attachment and growth processes of adherent cells. When human
retinal pigment epithelial (ARPE-19) cells are presentedwith patterns
of phospholipid mono- and bilayers, formed over patterned OTS
substrates, they attach and grow in the monolayer regions in pref-
erence to the bilayer regions [84] (Fig. 3 panel 1). The resistance of
bilayers to cell adhesion has been well documented [90,91], and has
variously been explained by surface electrostatics (net electrical
neutrality of the head-group), head-group hydration (strongly bound
water), and lateral fluidity (lack of a firm anchor for the cell's focal
adhesion) [90,92,93]. Since the mono- and bilayer system is created
from a single stock of lipid (POPC), all of the above mentioned
variables will be identical between the mono- and bilayer regions.
Thus, such variables fall short in elucidating the differences between
cell adhesion and growth over the two types of substrates. In addition,
Fig. 3. Panel 1 shows ARPE-19 cells growing on a pattern of phospholipid (POPC+1% Texas R
regions) as imaged by fluorescence microscopy (1st image); phase contrast microscopy (2nd
morphologies using beads. A) Schematic representation of the monolayer/bilayer lipid asse
films. B, C) Schematic illustrating partial lipid wrapping of a glass bead, which is available in t
bright-field images immediately after 5.66 μm bead sedimentation on DMPC at 10 °C. F, G
fluorescent beads in the bilayer regions.
Adapted from Oliver et al., Langmuir 2009 [84]; Dixit et al., ChemPhysChem 2006 [97].
the lateral diffusion coefficients for lipids in both types of films are
comparable [16,53] and fall in the range of published values for
supported phospholipid bilayers (0.5–5 μm2/s) [94]. One plausible
explanation can be found in the undulatory motions available to the
bilayers, which are significantly more restricted in the monolayer
configuration [95,96]. The bilayers “float” over a thin (several
angstroms) layer of water [19,20], whereas the monolayers are
closely apposed with the underlying OTS monolayer. The OTS mono-
layer, in turn is covalently bound to the silica substrate, affording very
little mobility normal to the plane of the lipidic film.

This difference in Z-axis mobility betweenmono- and bilayers was
recently illustrated by the reaction of such lipidic films to the depo-
sition of silica beads on the surface of each. Unlabeled silica spheres
(∼5 μm) were dropped over the surface of a mono- and bilayer grid
pattern. We found that beads settle uniformly on mono- and bilayer
regions at comparable densities. However, the lipid (POPC) bilayer,
which was doped (1 mol%) with a fluorescently labeled lipid (TR-
DHPE), was able to wrap partially the beads that fell in the bilayer
regions, causing them to become fluorescent [97] (Fig. 3, panel 2). In
contrast, the beads that settled ontomonolayer regions remained non-
fluorescent presumably due to the negligible out-of-plane mobility
available to themonolayer [97]. Additionally, itwas confirmed that the
effect was related to membrane mobility by utilizing DMPC
(Tm=24 °C) for the mono- and bilayer system. When the lipid was
in the gel phase (15 °C), none of the settled silica spheres became
fluorescent; indicating that wrapping of the spheres was inhibited in
both mono- and bilayer regions. In contrast, when the lipid was in the
liquid crystalline phase (30 °C), a pattern similar to that obtainedwith
POPC (at room temperature)was seen: only those spheres that settled
onto the bilayer regions gained fluorescence and those on the
monolayer remained non-fluorescent. Together, with estimates of
ed-DHPE) bilayers (bright 250×250 μm squares) surrounded by a monolayer grid (dim
image); or both together (3rd image). Panel 2: Discrimination of monolayer and bilayer
mbly on a patterned OTS substrate with glass beads settling on the surface of the lipid
he bilayer configuration, but not in the monolayer configuration. D, E) Fluorescence and
) Fluorescent and bright-field images 15 min after heating the sample to 28 °C show
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fractional wrapping and area expansion of the bilayer derived from
fluorescence intensity analysis detailed in Dixit et al. [97], we inferred
that bilayer wrapping of beads, above the transition temperature,
reflects the out-of-plane mobility available to bilayer lipids in the
liquid crystalline phase [97].

Besides the hypothesis that such undulatory motion is responsible
for the resistance of lipid bilayers to cell adhesion, alternative pos-
sibilities also exist. For instance, the differences noted above between
cell adhesion seen on mono- and bilayers might be due to differences
in the defects in the mono- and bilayer lipid films through which
adhesive proteins could adsorb to the underlying substrate. Thus,
additional work will be necessary to fully decipher the mechanism(s)
responsible for the distinct pattern of attachment onto the mono- and
bilayer substrates. Nevertheless, the ability to confine the adhesion
and growth of living cells through mono- and bilayer patterns on
lipidic substrates may offer additional biological applications. For
instance, the lipid layers could deliver membrane-based stimuli (e.g.,
ceramide) to adhering cells, and thus elicit cellular responses in a
controlled manner. Similarly, control of other physical properties
(e.g., curvature, tension, and fluidity) of the underlying lipid layers
could provide additional means to modulate cell-surface interactions
or behavior. Such exploitation of the membrane/plasma membrane
interface in this way allows a unique approach for the study of cell-
surface signaling.

In summary, the rupture and spreading of vesicles onto chemically
structured surfaces result in a unique lipid structure revealing template-
induced assembly of co-existing lipidic phases. In these constructs, the
spontaneous separation of the fluid bilayer regions from the fluid
monolayer regions, by the moat interface, provides a simple method to
compartmentalize membrane mobility. Furthermore, the co-existing
bilayer/monolayer morphologies derived from single vesicular sources
are particularly attractive for studies spanning biophysical processes
and cell-surface signaling. Furthermore, such lipid structures also offer a
new self-assembly strategy for synthesizing large-scale arrays of
functional sub-structures including ion channels, membrane proteins
[69], and cells.

3. Controlling membrane curvatures using structurally corrugated
substrate interfaces

Since the natural world cannot, in general, be constrained to two
dimensions, it is imperative that regulation of the substrate
membrane interface extends to the physical realm as well. Thus,
appropriate models for characterizing natural phenomena, as well as
exploiting subsets of biomolecules toward specific applications, must
include the capability to exist in three dimensions. A significant
example of the three-dimensional nature of membranes is repre-
sented by the many instances of curvature found in living organisms.
Several essential biological functions including vesicular budding,
viral interactions, mitosis, and membrane fusion proceed via
structural intermediates that display well-defined transient curva-
tures [98–101]. Inside the cell, quasi-static curvatures also exist in
microvilli and as folded membranes in many organelles (e.g., cilia,
thylakoids) [102–104]. Living cells stabilize (or modulate) their local
membrane curvatures by concentrating or dynamically recruiting
molecules with intrinsic curvatures, (e.g. lipids, membrane proteins,
amphiphilic helical peptides, etc.) or via time-dependent external
scaffolding mechanisms including cytoskeletal (re)polymerization or
motor protein activity [100].

The investigation of lipid bilayers deposited over structures
consisting of regular repeating curvatures can be greatly aided by
two approaches developed in our laboratory. Both are static three-
dimensional structurally corrugated substrates. The first approach
involves releasing stretched elastomers after surface oxidation, which
results in multiple nested orders of periodic surface curvatures over
macroscopic areas of elastomeric surfaces [105]. Briefly, uniaxially
stretched flat poly(dimethyl) siloxane (PDMS) surface is exposed to
an ozone-generating, short-wavelength ultraviolet (UV, 184–257 nm)
radiation for 30–60 min. Subsequent removal of the strain results in
periodic wrinkling in a direction perpendicular to the strain. At least
three nested orders of curvature are evident by atomic force
microscopy [105] in good general agreement with previous studies
[106]. Incubating these patterned curved surfaces with small
unilamellar vesicles of fluid phospholipids (e.g., POPC) results in the
formation of contiguous phospholipid bilayers, which roughly follow
the substrate topography for microscale and higher periodicities
[105]. Epifluorescence imaging and FRAP establish homogeneity and
lateral fluidity of the supported bilayer films [105] (Fig. 4). These
surfaces provide useful opportunities for templating curvatures (as
well as nested hierarchy of curvatures) onto fluid lipid membranes.

The second, a face-centered cubic (f.c.c.) lattice composed of silica
colloids in the nano- ormicroscopic range, can be constructed through
physical confinement [107,108]. Briefly, the colloidal crystal is
produced by sandwiching a small volume (10–20 μL) of a colloidal
solution near the critical concentration (∼45% v/v) between one hy-
drophilic and one hydrophobic plate, and allowing for slow evapora-
tion of solvent over a period of 3 days [107]. Conducting vesicle fusion
on colloidal crystals formed in this way produces variable results
depending upon the size of the colloids. If small colloids (e.g., 330 nm)
are utilized, 100-nm vesicles will fuse and spread, creating a laterally
contiguous lipid bilayer with a regular pattern of curvature [108]
(Fig. 5, panel 1). In contrast, if large colloids (e.g., 5.6 μm) are used,
FRAP studies of the fluorescent lipid adhering to the surface reveal that
long-range fluidity is absent [108]. This discrepancy can be explained
by the differences in the dimension of the interstitial spaces. The
interstices for the 330-nm colloids are estimated at ≤49.5 nm [108],
which would disallow the 100-nm lipid vesicles from penetrating the
surface. The vesicles, thus, presumably rupture at the surface of the
colloidal crystal, forming the continuous bilayer. Conversely, the
vesicles are likely to pass through the interstitial spaces of the 5.6 μm
colloidal crystal, allowing “wetting” of the internal colloids, rather than
formation of a continuous bilayer at the surface [108]. Thus, the use of
the small colloids in the preparation of the colloidal crystal allows the
investigator to design, within certain physical constraints, a contigu-
ous bilayer that follows the topology of a curved substrate of specific
dimensions.

The physical corrugation described here can be combined with the
chemical patterning described above to generate an additional level of
investigative control. For example, the nanoscale colloidal crystals can
be exposed to the silanization and deep UV exposure treatment.
Interestingly, coating the colloidal crystal with OTS, followed by UV-
patterning under a photo-mask, and subsequently exposing it to
vesicle fusion, results in a three-dimensional system whereby the
hydrophilic regions support a lipid bilayer and can fill with water,
whereas the hydrophobic regions support a monolayer, but remain
dry inside [108] (Fig. 5, panel 2). Preliminary results from incorpo-
ration of the ion-conducting peptide gramicidin into bilayers
supported by colloidal crystals show this technique has great
potential for the incorporation of ion channels into the bilayer
regions, and the detailed study of their function by monitoring the
characteristic photonic band gaps of the nanoscale colloidal crystals.

4. Controlling membrane dynamics using switchable
substrate interfaces

The two general types of substrates described above, chemically
patterned and structurally corrugated, both fall into the category of
static supports, in that the substrate remains physically unchanged
following bilayer deposition. An alternative strategy is the use of
substrates with dynamic properties. Engineering the interface between
the substrate and the lipid bilayer takes on additional complexity in such
cases, as the physical properties of the component parts of the interface



Fig. 4. Phospholipid bilayers on wrinkled elastomers. (A,B) Wide-area epifluorescence (A) and bright-field optical transmission (B) images of a POPC bilayer (doped with 1 mol%
Texas Red-DHPE) on a pre-wrinkled PDMS elastomer. The image in (B) is acquired after 5 μm beads are allowed to settle onto the bilayer. The white bar scales to 50 μm.
(C) Normalized Gaussian amplitude of a bleached FRAP spot's intensity depression as a function of time, showing fluid recovery. Dashed line is a fit to the expected recovery profile.
(D–F) Selected frames from a sequence of fluorescence images showing recovery dynamics of a circular spot photobleached into a POPC bilayer (doped with 1 mol% TR-DHPE)
deposited on the wrinkled ox-PDMS substrate at representative time intervals t=0, 600, and 1020 s after photobleaching). The red trace is an ellipse fit to the spot edges. Images
scale to 112×112 μm. (G) Temporal evolution of eccentricity of the photobleached spot in panels (D–F).
Adapted from Sanii et al., Nanoletters 2008 [105].
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(e.g., viscosity and osmolarity of the aqueous cushioning layer, phase
behavior of themembrane leaflet proximal to the substrate, etc.) change
over time, and thus the dynamics of the systemmust also be considered.
Below, we describe two recent examples, one involving dynamic
introduction of curvature at the membrane–substrate interface and
the second involving time-dependent dissolution of carbohydrate
substrates.

First, curvatures in living systems are highly dynamic. During
essential cellular processes such as growth, division, and motility,
cellular membranes undergo dramatic conformational changes. Such
dynamic membrane remodeling proceeds via incorporation of curva-
ture-sensitive lipids and via interactionswith curvature-generating and
curvature-sensing proteins [100]. To test if the flexible PDMS-based
support described above could be used as a topographically dynamic
substrate to induce remodeling in the lipid bilayer that it supports, we
carried out a simple proof-of-concept experiment [105]. Briefly, a
Fig. 5. Panel 1: A FRAP fractional recovery plot of a Texas Red doped POPC bilayer on a 330 nm
diameter) at times, t=0, 630, and 1530 s and a cartoon illustrating a bilayer on top of a n
hydrated, hydrophilic colloids (blue) in hydrophobic surroundings (yellow) of a colloidal cr
crystal in water. The darker region corresponds to an unhydrated, OTS-coated region (ban
Bottom right: A 10× fluorescence image of a TR-DHPE doped POPC film on a patterned coll
Adapted from Brozell et al., JACS 2006 [108].
stretched (30%) flat PDMS elastomer is subjected to a typical UV
treatment (see above) to generate a stiff oxidized-PDMS surface. In two
parallel experiments, unilamellar vesicles composed of dipalmitoyl-sn-
glycero-3-phosphocholine (DPPC, Tm=41 °C) or 1-palmitoyl-2-oleoyl-
sn-glycero-3-phosphocholine (POPC, Tm=−2 °C) are fused to the
substrates at temperatures above their respective Tm values and then
allowed to equilibrate at room temperature (24 °C), all while the PDMS
is still stretched. Epifluorescence images reveal a homogeneous bilayer
for each sample, consistent with the formation of a planar supported
bilayer on flattened, stretched oxidized-PDMS. A large circular spot
(650 μm diameter) spanning multiple topographic corrugations is then
photobleached into both DPPC and POPC specimens. The stretch is
released and, as expected, the substrate deforms in two parallel modes:
(1) the bulk PDMS tries to laterally restore its original shape by
compressing in the stretched direction and elongating in the perpen-
dicular one determined by the PDMS's Poisson ratio of 0.5, and (2) the
colloidal crystal. Insets: 200×160 μmepifluorescence images of a bleached spot (40 μm
anocolloidal crystal. Panel 2, top: A cartoon illustrating spatially patterned columns of
ystal. Bottom left: A 10× bright-field image of UV-patterned OTS-coated 330 nm silica
d gap<605 nm), and the brighter region is the hydrated region (band gap<658 nm).
oidal crystal.
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mismatch in the equilibrium strains of the stiffened surface skin and the
bulk PDMS produces periodic out-of-plane wrinkles, confirmed by
bright-field microscopy. Simultaneously, a dramatic transformation in
the shape of the fluorescence spot is observed for both POPC and DPPC
bilayers: in both cases, the initial circular spot transforms into an
elliptical one, with theminor axis in the direction of the released stretch
(Fig. 6) [105]. Both bleached spots recover when heated to above their
respective melting temperatures, indicating that the membranes
remain laterally contiguous throughout the wrinkling transition. FRAP
analysis of POPCmembranes thathaveundergoneawrinkling transition
indicates an azimuthally averaged diffusion coefficient of 1.7±0.4 μm2/
s. The recovery was anisotropic, consistent with membranes deposited
on pre-wrinkled substrates. Together, these results establish that
substrate deformation and wrinkling remodel membrane bilayers in
the fluid (POPC at 24 °C) and, more remarkably, in the gel (DPPC at
24 °C) phase. These simple preliminary results suggest that dynamic
variations of substrate topography trigger spatially patternedmesoscale
restructuring of the bilayer accompanied by curvature-dependent
spatial reorganization of membrane molecules.

This ability to dynamically impose curvatures on supported bilayers
and observe the attendant re-equilibration may be useful for funda-
mental studies of many curvature-induced dynamic reorganizations
and their functional consequences. Because patterns of curvatures can
stabilize heterogeneous distribution of molecules within fluid mem-
branes, thesemodel systemsmay also provide a genericmeans to create
sustained molecular gradients and carry out spatial separations of
membrane-compatible amphiphiles [109]. Our approach however has
Fig. 6. Active membrane remodeling via surface wrinkling. (A) A cartoon depiction of a lipid
stretch is released. (B–E) Representative epifluorescence images showing macroscopic mem
bleached into membranes deposited onto stretched ox-PDMS before release. Right column: S
in a gel state. Bottom row: POPC lipids in a fluid state. The white bar scales to 100 μm and i
areas. (F–H) The recovery of a spot photobleached into a lipid bilayer that underwent rem
respectively, and scale to 65 μm a side.
Adapted from Sanii et al., Nanoletters 2008 [105].
many important limitations. PDMS generates one-dimensional wrin-
kles. In contrast, curvatures in cellular membranes are often 2D with
non-zero Gaussian curvatures. Second, the proximity of the substrate
and practical difficulties in achieving a precise range of curvatures in
PDMS also introduce additional complications. Nevertheless, qualitative
assays of preference of certain lipid-types and domains for curvature
should be possible using our construct.

Second, the ability to develop substrates, which exist only as
temporary supports during the creation of the lipid bilayer, seems
particularly valuable. Such ability could afford studies of dynamic
membrane reorganization, as the interfaces surrounding the bilayer
change their properties. An extraordinarily powerful biosynthetic
tool, in this regard, is the use of carbohydrate glasses to control
interfacial activities of membrane components. Glass-forming dis-
accharides, such as trehalose, are found in high concentrations in
many anhydrobiotic organisms and serve a critical role in preserving
the membrane bilayer structure under the severe stresses associated
with dehydration [110,111]. Interestingly, trehalose glasses, which
are uniformly hydrophilic, have proved to be excellent substrates for
bilayer formation by vesicle fusion [112]. However, the glasses
devitrify upon contact with water, entirely altering their physical
structure, opening the possibility that such compounds may be
exploited as temporary interfacial membrane supports.

The dynamic nature of such glassy supports would be useful under
circumstances where bilayer formation required provisional scaffold-
ing. As mentioned above, the formation of a fluid, contiguous lipid
bilayer over the surface of coinage metals would open the door to
bilayer (red) supported on stretched planar ox-PDMS before (left) and after (right) the
brane remodeling after release of the mechanical stretch. Left column: Circular spots

pots after the stretch was released and the substrate has wrinkled. Top row: DPPC lipids
s consistent across rows, and red traces are least-square-fits of ellipses to the bleached
odeling via substrate wrinkling. The images are 30 s, 400 s and 1100 s after bleaching
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numerous conductive studies and devices. In this regard, initial
studies suggest trehalose glass can be used as a “sacrificial” substrate,
to allow the deposition of a phospholipid bilayer over a surface that
would otherwise only adsorb the intact vesicles [81,112]. Proof of
principle for this technique has been demonstrated with gold
substrates. Fluorescently doped vesicles adhere inhomogeneously to
plasma-cleaned gold, whereas if a trehalose glass is first deposited on
the gold substrate (by dehydration of a trehalose solution at 100 °C),
vesicle fusion results in the formation of a laterally contiguous lipid
bilayer as evidenced by FRAP studies [112] (Fig. 7, panel 1).

Further study will be necessary to determine the useful life-times
of membranes constructed in this manner, each of which will depend
on the composition of the underlying substrate, the concentration,
viscosity, and diffusion of carbohydrate between the substrate and the
bilayer, and whether the sugar is an absolute requirement for
maintenance of the bilayer. Nevertheless, possible future applications
of the sacrificial carbohydrate layer are numerous.

Two such areas are currently under investigation in our laboratory.
In the first, trehalose glasses are being used in the construction of
colloidal crystals. Additionally, sacrificial trehalose glasses are being
used in order to suspend lipid bilayers over wells created by photoresist
in elastomeric substrates. Such approaches are likely to enable much
progress in the ongoing effort to incorporate ion channels, G-protein
coupled receptors, or other key membrane proteins into phospholipid
bilayers, while retaining function and lateral diffusivity. Further, the
ability to incorporate functional membrane proteins into bilayers
suspended over individually addressable aqueous compartments
opens new avenues for high-throughput analytical systems [69,113].

In addition, the importance of carbohydrate glasses to the field of
SLB will be immediately obvious to anyone who has considered
the potential liabilities associated with storing and/or shipping
biotechnologic devices composed primarily of a supported mem-
brane, whether containing or devoid of proteins. The lifetime of a SLB
is on the order of a few hours, and these fragile structures delaminate
from the surface with the slightest exposure to an air bubble [114].
Fig. 7. Panel 1: (1st image) Fluorescence micrograph of POPC (+1 mol% Texas Red-DHP
Fluorescence micrograph of POPC (+1 mol% Texas Red-DHPE) bilayer, deposited by vesicle
after photobleaching. (3rd image) Same as (2nd), frame 23 (=12 min after photobleachin
bending vibration at ~1643 cm−1 for trehalose samples before (upper trace, blue) and afte
recovery after photobleaching for a POPC bilayer deposited on trehalose glass: trace 1 (●, b
Adapted from Oliver et al., Lab On a Chip 2008 [112].
Some attempts have been made to protect SLBs with protein or poly
(ethylene glycol) coatings [114,115], or polymerization [116–118],
such that removal from the aqueous environment does not destroy
the membrane. However, the presence of these layers themselves
may affect structural organization of membrane components and also
influence membrane biophysical properties (e.g., lateral fluidity).

Two recent reports have shown that vitrification of trehalose can
protect SLBs frommoderate [115] to severe dehydration [112]. In fact,
when trehalose is included at the interfaces of both membrane
leaflets, the severe stresses of extreme drying and rehydration cause
no significant change to the long-range lateral lipid mobility in the
hydrated state, as confirmed by FRAP measurements [112] (Fig. 7,
panel 2). Thus, there are important implications for the use of
carbohydrate glasses in helping to transform the many possibilities of
membrane/protein-based bio-devices from mere potential into a
practical reality.

In summary, both types of investigations, the study of bilayers
deposited on stretched elastomers and the study of bilayers formed
over carbohydrate glasses, open new avenues of research into
substrates with dynamic properties. Such investigations include an
added level of complexity, as the dynamics of each physical
characteristic will affect the interfacial regions of lipid membranes,
and thus the overall properties of the bilayer.
5. Outlook

The variety of useful membrane configurations obtained by
substrate-induced templating of vesicle fusion and lipid spreading
illustrated here represent a small sub-set of myriad interesting and
useful possibilities to control membrane structure, assembly, and
dynamics. They extend the well-established notion of template-
directedmaterial design in solid state materials (e.g., crystallization of
inorganic materials [119], self-assembly of colloids [120], and phase
separation of polymer mixtures [121]) to complex fluids, of which the
E) vesicles adhering inhomogeneously to plasma-cleaned gold surface. (2nd image)
fusion to a pre-formed trehalose glass on top of plasma-cleaned gold surface, frame 1
g). Panel 2: (1st image) Attenuated total reflection infrared spectra showing the O–H
r (lower trace, red) incubation at 100 °C for 24 h. (2nd image) Fractional fluorescence
lue), initial; trace 2 (■, red), after drying and rehdyration.
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lipid bilayer is a powerful example. The efforts reported to date set the
stage for many future directions. Some examples are outlined below.

First, the efforts reported to date have focused on the use of various
substrates and substrate property patterns to design novel membrane
configurations. These initial studies suggest that the systematic tai-
loring of properties of support surfaces including substrate charge,
wettability, and topography can be used to map out elemental “phase
diagrams” for how interfacial properties determine membrane
biophysical properties. Second, we envisage future studies employing
three-dimensionally structured templates that “mold” lipid organi-
zation into variety of three-dimensional lipid mesophases (e.g., cubic,
hexagonal, andmultilamellar). In living systems, such structures often
emerge transiently, for instance, during membrane fusion [99,122]
and cell division [123]. Systematic studies of such temporal
membrane sub-structures, which give rise to complex molecular
sorting and localization of selected membrane functions, are sparse.
We anticipate that the use of stable, three-dimensionally scaffolded
SLB constructs should provide a useful platform to systematically
dissect structure–function relations in these transient membrane
mesophases. Third, the use of dynamically tunable and sacrificial
substrates to template membrane dynamics, alluded to above, is still
in its infancy. Such substrates offer a tremendous advantage over
static structures in imposing new dynamic interfacial constraints, and
thus offer a window into how membranes utilize their structural
supramolecular landscapes to organize and reorganize their functions.
Finally, it seems intriguing to devise membrane self-assembly
processes that draw upon notions now well established in biominer-
alization. Specifically, biomineralization utilizes cooperative and/or
hierarchical organization of both the templating biomolecules (e.g.,
proteins and lipids) and the inorganic crystallizing species (e.g.,
abalone shell calcite and diatom silica) to design intricate and
biologically important hybrid (organic/inorganic) structures [124–
126]. The majority of SLB configurations used to date employ pre-
formed substrates. The possibility of concomitant formation of the
substrate and the lipid bilayer may open interesting possibilities to
devise novel biomimetic structures — especially those with relevance
to transient sub-structures that emerge during the life of the cellular
membrane.
Acknowledgements

The authors thank many colleagues and co-workers who contrib-
uted to the ideas and experiments presented in this review.
Specifically, we acknowledge several current and past groupmembers
including Adrian Brozell, Annapoorna Butti, Ravi Butti, Phuong Dang,
Sanhita Dixit, Michael Howland, Sean Inaba, Eric Kendall, Viviane
Ngassam, Babak Sanii, Alan Szmodis, Huawen Wu, and Chanel Yee,
and collaborators including Andy Shreve (Los Alamos), Yin Yeh
(UCD), and Jay Groves (Berkeley). Support from the U.S. Department
of Energy's Division of Materials Science & Engineering, Office of Basic
Energy Sciences (Biomolecular Materials Program) through a grant
(DE-FG02-04ER46173) is gratefully acknowledged.
References

[1] B. Alberts, Molecular Biology of the Cell, 5th ed.Garland Science, New York, 2008.
[2] S.J. Singer, G.L. Nicolson, Fluid mosaic model of structure of cell-membranes,

Science 175 (1972) 720–731.
[3] E. Gorter, F. Grendel, On bimolecular layers of lipoids on the chromocytes of the

blood, J. Exp. Med. 41 (1925) 439–443.
[4] J.F. Nagle, S. Tristram-Nagle, Structure of lipid bilayers, Biochim. Biophys. Acta-

Rev. Biomembr. 1469 (2000) 159–195.
[5] P. Mueller, D.O. Rudin, H.T. Tien, W.C. Wescott, Reconstitution of cell membrane

structure in vitro and its transformation into an excitable system, Nature 194
(1962) 979–980.

[6] P. Mueller, D.O. Rudin, H.T. Tien, W.C. Wescott, Formation and properties of
bimolecular lipid membranes, Recent Progr. Surf. Sci. 1 (1964) 379–393.
[7] M.Montal, P.Mueller, Formation of bimolecularmembranes from lipidmonolayers
and a study of their electrical properties, Proc. Natl. Acad. Sci. U. S. A. 69 (1972)
3561–3566.

[8] A.D. Bangham, Membrane models with phospholipids, Prog. Biophys. Mol. Biol.
18 (1968) 29–95.

[9] F. Szoka, D. Papahadjopoulos, Comparative properties and methods of
preparation of lipid vesicles (liposomes), Annu. Rev. Biophys. Bioeng. 9 (1980)
467–508.

[10] R.S. Bar, D.W. Deamer, D.G. Cornwell, Surface area of human erythrocyte lipids—
reinvestigationof experiments onplasmamembrane, Science153 (1966) 1010–1012.

[11] H. Mohwald, Phospholipid and phospholipid-protein monolayers at the air/
water interface, Annu. Rev. Phys. Chem. 41 (1990) 441–476.

[12] L.L.M. van Deenen, E. Mulder, G.H.D. Haas, U.M. Houtsmuller, Monomolecular
layers of synthetic phosphatides, Journal of Pharmacy and Pharmacology 14
(1962) 429–444.

[13] E. Sackmann, M. Tanaka, Supported membranes on soft polymer cushions:
fabrication, characterization and applications, Trends Biotechnol. 18 (2000) 58–64.

[14] E.T. Castellana, P.S. Cremer, Solid supported lipid bilayers: from biophysical
studies to sensor design, Surf. Sci. Reports 61 (2006) 429–444.

[15] J. Nissen, S. Gritsch, G.Wiegand, J.O. Radler, Wetting of phospholipid membranes
on hydrophilic surfaces — concepts towards self-healing membranes, European
Physical Journal B 10 (1999) 335–344.

[16] B. Sanii, A.N. Parikh, Surface-energy dependent spreading of lipid monolayers
and bilayers, Soft Matter 3 (2007) 974–977.

[17] L.K. Tamm, H.M. McConnell, Supported phospholipid-bilayers, Biophys. J. 47
(1985) 105–113.

[18] V. Kiessling, L.K. Tamm, Measuring distances in supported bilayers by
fluorescence interference-contrast microscopy: polymer supports and SNARE
proteins, Biophys. J. 84 (2003) 408–418.

[19] B.W. Koenig, S. Kruger, W.J. Orts, C.F. Majkrzak, N.F. Berk, J.V. Silverton, K.
Gawrisch, Neutron reflectivity and atomic force microscopy studies of a lipid
bilayer in water adsorbed to the surface of a silicon single crystal, Langmuir 12
(1996) 1343–1350.

[20] S.J. Johnson, T.M. Bayerl, D.C. McDermott, G.W. Adam, A.R. Rennie, R.K. Thomas,
E. Sackmann, Structure of an adsorbed dimyristoylphosphatidylcholine bilayer
measured with specular reflection of neutrons, Biophys. J. 59 (1991) 289–294.

[21] R.J. White, B. Zhang, S. Daniel, J.M. Tang, E.N. Ervin, P.S. Cremer, H.S. White, Ionic
conductivity of the aqueous layer separating a lipid bilayer membrane and a
glass support, Langmuir 22 (2006) 10777–10783.

[22] P.S. Swain, D. Andelman, Supported membranes on chemically structured and
rough surfaces, Phys. Rev. E 63 (2001).

[23] A.P. Shreve, M.C. Howland, A.R. Sapuri-Butti, T.W. Allen, A.N. Parikh, Evidence for
leaflet-dependent redistribution of charged molecules in fluid supported
phospholipid bilayers, Langmuir 24 (2008) 13250–13253.

[24] M. Kasbauer, M. Junglas, T.M. Bayerl, Effect of cationic lipids in the formation of
asymmetries in supported bilayers, Biophys. J. 76 (1999) 2600–2605.

[25] M.J. Higgins, M. Polcik, T. Fukuma, J.E. Sader, Y. Nakayama, S.P. Jarvis, Structured
water layers adjacent to biological membranes, Biophys. J. 91 (2006) 2532–2542.

[26] C. Boissiere, J.B. Brubach, A. Mermet, G. de Marzi, C. Bourgaux, E. Prouzet, P. Roy,
Water confined in lamellar structures of AOT surfactants: an infrared
investigation, J. Phys. Chem. B 106 (2002) 1032–1035.

[27] R.J.Mashl, S. Joseph,N.R. Aluru, E. Jakobsson,Anomalously immobilizedwater: a new
water phase induced by confinement in nanotubes, Nano Lett. 3 (2003) 589–592.

[28] M. Junglas, B. Danner, T.M. Bayerl, Molecular order parameter profiles and
diffusion coefficients of cationic lipid bilayers on a solid support, Langmuir 19
(2003) 1914–1917.

[29] R. Merkel, E. Sackmann, E. Evans, Molecular friction and epitactic coupling
between monolayers in supported bilayers, J. Phys. 50 (1989) 1535–1555.

[30] L. Zhang, S. Granick, Lipid diffusion compared in outer and inner leaflets of planar
supported bilayers, J. Chem. Phys. 123 (2005) 211104.1–211104.4.

[31] M. Hetzer, S. Heinz, S. Grage, T.M. Bayerl, Asymmetric molecular friction in
supported phospholipid bilayers revealed by NMR measurements of lipid
diffusion, Langmuir 14 (1998) 982–984.

[32] D. Keller, N.B. Larsen, I.M. Moller, O.G. Mouritsen, Decoupled phase transitions
and grain-boundary melting in supported phospholipid bilayers, Phys. Rev. Lett.
94 (2005).

[33] Z.V. Feng, T.A. Spurlin, A.A. Gewirth, Direct visualization of asymmetric behavior
in supported lipid bilayers at the gel–fluid phase transition, Biophys. J. 88 (2005)
2154–2164.

[34] M.L. Wagner, L.K. Tamm, Tethered polymer-supported planar lipid bilayers for
reconstitution of integral membrane proteins: silane-polyethyleneglycol-lipid as
a cushion and covalent linker, Biophys. J. 79 (2000) 1400–1414.

[35] M. Tanaka, E. Sackmann, Polymer-supported membranes as models of the cell
surface, Nature 437 (2005) 656–663.

[36] A. Graneli, J. Rydstrom, B. Kasemo, F. Hook, Formation of supported lipid bilayer
membranes on SiO2 from proteoliposomes containing transmembrane proteins,
Langmuir 19 (2003) 842–850.

[37] E.K. Sinner, W. Knoll, Functional tethered membranes, Curr. Opin. Chem. Biol. 5
(2001) 705–711.

[38] J. Spinke, J. Yang, H. Wolf, M. Liley, H. Ringsdorf, W. Knoll, Polymer-supported
bilayer on a solid substrate, Biophys. J. 63 (1992) 1667–1671.

[39] S.L. McArthur, M.W. Halter, V. Vogel, D.G. Castner, Covalent coupling and
characterization of supported lipid layers, Langmuir 19 (2003) 8316–8324.

[40] A.J. Diaz, F. Albertorio, S. Daniel, P.S. Cremer, Double cushions preserve
transmembrane protein mobility in supported bilayer systems, Langmuir 24
(2008) 6820–6826.



849A.E. Oliver, A.N. Parikh / Biochimica et Biophysica Acta 1798 (2010) 839–850
[41] Y.L. Hong, B.L.Webb, H. Su, E.J. Mozdy, Y. Fang, Q.Wu, L. Liu, J. Beck, A.M. Ferrie, S.
Raghavan, J. Mauro, A. Carre, D. Mueller, F. Lai, B. Rasnow, M. Johnson, H.S. Min, J.
Salon, J. Lahiri, Functional GPCR microarrays, J. Am. Chem. Soc. 127 (2005)
15350–15351.

[42] T. Baumgart, A. Offenhausser, Polysaccharide-supported planar bilayer lipid
model membranes, Langmuir 19 (2003) 1730–1737.

[43] B.A. Cornell, V.L.B. BraachMaksvytis, L.G. King, P.D.J. Osman, B. Raguse, L.
Wieczorek, R.J. Pace, A biosensor that uses ion-channel switches, Nature 387
(1997) 580–583.

[44] T. Jin, P. Pennefather, P.I. Lee, Lipobeads: a hydrogel anchored lipid vesicle
system, Febs Lett. 397 (1996) 70–74.

[45] A.N. Parikh, Membrane–substrate interface: phospholipid bilayers at chemically
and topographically structured surfaces, Biointerphases 3 (2008) FA22–FA32.

[46] M. Geissler, Y.N. Xia, Patterning: principles and some new developments, Adv.
Mater. 16 (2004) 1249–1269.

[47] R.K. Smith, P.A. Lewis, P.S. Weiss, Patterning self-assembled monolayers, Prog.
Surf. Sci. 75 (2004) 1–68.

[48] A.T.A. Jenkins, R.J. Bushby, S.D. Evans, W. Knoll, A. Offenhausser, S.D. Ogier, Lipid
vesicle fusion on mu CP patterned self-assembled monolayers: effect of pattern
geometry on bilayer formation, Langmuir 18 (2002) 3176–3180.

[49] A.T.A. Jenkins, N. Boden, R.J. Bushby, S.D. Evans, P.F. Knowles, R.E. Miles, S.D.
Ogier, H. Schonherr, G.J. Vancso, Microcontact printing of lipophilic self-
assembled monolayers for the attachment of biomimetic lipid bilayers to
surfaces, J. Am. Chem. Soc. 121 (1999) 5274–5280.

[50] X.J. Han, S.N.D. Pradeep, K. Critchley, K. Sheikh, R.J. Bushby, S.D. Evans, Supported
bilayer lipid membrane arrays on photopatterned self-assembled monolavers,
Chem.-a Eur. J. 13 (2007) 7957–7964.

[51] X.J. Han, K. Critchley, L.X. Zhang, S.N.D. Pradeep, R.J. Bushby, S.D. Evans, A novel
method to fabricate patterned bilayer lipid membranes, Langmuir 23 (2007)
1354–1358.

[52] P. Lenz, C.M. Ajo-Franklin, S.G. Boxer, Patterned supported lipid bilayers and
monolayers on poly(dimethylsiloxane), Langmuir 20 (2004) 11092–11099.

[53] M.C. Howland, A.R. Sapuri-Butti, S.S. Dixit, A.M. Dattelbaum, A.P. Shreve, A.N.
Parikh, Phospholipid morphologies on photochemically patterned silane mono-
layers, J. Am. Chem. Soc. 127 (2005) 6752–6765.

[54] C. Duschl, M. Liley, G. Corradin, H. Vogel, Biologically addressable monolayer
structures formed by templates of sulfur-bearing molecules, Biophys. J. 67
(1994) 1229–1237.

[55] R.P. Richter, R. Berat, A.R. Brisson, Formation of solid-supported lipid bilayers: an
integrated view, Langmuir 22 (2006) 3497–3505.

[56] C. Scomparin, S. Lecuyer, M. Ferreira, T. Charitat, B. Tinland, Diffusion in
supported lipid bilayers: influence of substrate and preparation technique on the
internal dynamics, Eur. Phys. J. E 28 (2009) 211–220.

[57] G.S. Lorite, T.M. Nobre, M.E.D. Zaniquelli, E. de Paula, M.A. Cotta, Dibucaine
effects on structural and elastic properties of lipid bilayers, Biophys. Chem. 139
(2009) 75–83.

[58] M. Fischlechner, M. Zaulig, S. Meyer, I. Estrela-Lopis, L. Cuellar, J. Irigoyen, P.
Pescador, M. Brumen, P. Messner, S. Moya, E. Donath, Lipid layers on
polyelectrolyte multilayer supports, Soft Matter 4 (2008) 2245–2258.

[59] G. Wiegand, N. Arribas-Layton, H. Hillebrandt, E. Sackmann, P. Wagner, Electrical
properties of supported lipid bilayer membranes, J. Phys. Chem. B 106 (2002)
4245–4254.

[60] T.V. Ratto, M.L. Longo, Obstructed diffusion in phase-separated supported lipid
bilayers: a combined atomic force microscopy and fluorescence recovery after
photobleaching approach, Biophys. J. 83 (2002) 3380–3392.

[61] A.F. Xie, R. Yamada, A.A. Gewirth, S. Granick, Materials science of the gel to fluid
phase transition in a supported phospholipid bilayer, Phys. Rev. Lett. 89 (2002).

[62] J.M. Crane, V. Kiessling, L.K. Tamm, Measuring lipid asymmetry in planar
supported bilayers by fluorescence interference contrast microscopy, Langmuir
21 (2005) 1377–1388.

[63] J.M. Crane, L.K. Tamm, Role of cholesterol in the formation and nature of lipid rafts
in planar and spherical model membranes, Biophys. J. 86 (2004) 2965–2979.

[64] V. Kiessling, J.M. Crane, L.K. Tamm, Transbilayer effects of raft-like lipid domains
in asymmetric planar bilayers measured by single molecule tracking, Biophys. J.
91 (2006) 3313–3326.

[65] C. Wan, V. Kiessling, L.K. Tamm, Coupling of cholesterol-rich lipid phases in
asymmetric bilayers, Biochemistry 47 (2008) 2190–2198.

[66] A.A. Brian, H.M. McConnell, Allogeneic stimulation of cyto-toxic T-cells by
supported planar membranes, Proc. Natl. Acad. Sci. U. S. A.-Biol. Sci. 81 (1984)
6159–6163.

[67] J.T. Groves, M.L. Dustin, Supported planar bilayers in studies on immune cell
adhesion and communication, J. Immunol. Methods 278 (2003) 19–32.

[68] A.N. Parikh, J.T. Groves, Materials science of supported lipid membranes, Mrs
Bull. 31 (2006) 507–512.

[69] H. Bayley, P.S. Cremer, Stochastic sensors inspired by biology, Nature 413 (2001)
226–230.

[70] Y. Fang, A.G. Frutos, J. Lahiri, Membrane protein microarrays, J. Am. Chem. Soc.
124 (2002) 2394–2395.

[71] C. Tanford, Interfacial free-energy and the hydrophobic effect, Proc. Natl Acad.
Sci. U. S. A. 76 (1979) 4175–4176.

[72] A.A. Brian, H.M. McConnell, Allogenic stimulation of cyto-toxic T-cells by
supported planar membranes, Proce. Natl. Acad. Sci. U. S. A-Biol. Sci. 81 (1984)
6159–6163.

[73] E. Kalb, S. Frey, L.K. Tamm, Formation of supported planar bilayers by fusion of
vesicles to supported phospholipid monolayers, Biochim. Biophys. Acta 1103
(1992) 307–316.
[74] J. Radler, H. Strey, E. Sackmann, Phenomenology and kinetics of lipid bilayer
spreading on hydrophilic surfaces, Langmuir 11 (1995) 4539–4548.

[75] A.N. Parikh, J.D. Beers, A.P. Shreve, B.I. Swanson, Infrared spectroscopic
characterization of lipid–alkylsiloxane hybrid bilayer membranes at oxide
substrates, Langmuir 15 (1999) 5369–5381.

[76] A.L. Plant, Supported hybrid bilayer membranes as rugged cell membrane
mimics, Langmuir 15 (1999) 5128–5135.

[77] J.B. Hubbard, V. Silin, A.L. Plant, Self assembly driven by hydrophobic interactions
at alkanethiol monolayers: mechanism of formation of hybrid bilayer mem-
branes, Biophys. Chem. 75 (1998) 163–176.

[78] V.I. Silin, H. Wieder, J.T. Woodward, G. Valincius, A. Offenhausser, A.L. Plant, The
role of surface free energy on the formation of hybrid bilayer membranes, J. Am.
Chem. Soc. 124 (2002) 14676–14683.

[79] Y.N. Xia, G.M. Whitesides, Soft lithography, Annu. Rev. Mater. Sci. 28 (1998)
153–184.

[80] J.C. Love, L.A. Estroff, J.K. Kriebel, R.G. Nuzzo, G.M. Whitesides, Self-assembled
monolayers of thiolates on metals as a form of nanotechnology, Chem. Rev. 105
(2005) 1103–1169.

[81] C.A. Keller, B. Kasemo, Surface specific kinetics of lipid vesicle adsorption
measured with a quartz crystal microbalance, Biophys. J. 75 (1998) 1397–1402.

[82] E. Reimhult, F. Hook, B. Kasemo, Intact vesicle adsorption and supported
biomembrane formation fromvesicles in solution: influence of surface chemistry,
vesicle size, temperature, and osmotic pressure, Langmuir 19 (2003) 1681–1691.

[83] M.C. Howland, A.W. Szmodis, B. Sanii, A.N. Parikh, Characterization of physical
properties of supported phospholipid membranes using imaging ellipsometry at
optical wavelengths, Biophys. J. 92 (2007) 1306–1317.

[84] A.E. Oliver, V. Ngassam, P. Dang, et al., Cell attachment behavior on solid and fluid
substrates exhibiting spatial patterns of physical properties, Langmuir (2009).

[85] T.H. Yang, C.K. Yee, M.L. Amweg, S. Singh, E.L. Kendall, A.M. Dattelbaum, A.P.
Shreve, C.J. Brinker, A.N. Parikh, Optical detection of ion-channel-induced proton
transport in supported phospholipid bilayers, Nano Lett. 7 (2007) 2446–2451.

[86] P. Cuatrecasas, Gangliosides and membrane receptors for cholera toxin,
Biochemistry 12 (1973) 3558–3566.

[87] C. Dietrich, Z.N. Volovyk, M. Levi, N.L. Thompson, K. Jacobson, Partitioning of Thy-
1, GM1, and cross-linked phospholipid analogs into lipid rafts reconstituted in
supported model membrane monolayers, Proc. Natl Acad. Sci. U. S. A. 98 (2001)
10642–10647.

[88] A.P. Wong, J.T. Groves, Molecular topography imaging by intermembrane fluores-
cence resonanceenergy transfer, Proc.Natl Acad. Sci. U. S. A.99 (2002)14147–14152.

[89] J.R. Lakowicz, Principles of Fluorescence Spectroscopy, Kluwer Academic/
Plenum, New York, 1999.

[90] A.S. Andersson, K. Glasmastar, D. Sutherland, U. Lidberg, B. Kasemo, Cell adhesion
on supported lipid bilayers, J. Biomed. Mater. Res. Part A 64A (2003) 622–629.

[91] L.B. Margolis, E.V. Dyatlovitskaya, L.D. Bergelson, Cell–lipid interactions — cell
attachment to lipid substrates, Exp. Cell Res. 111 (1978) 454–457.

[92] J.T. Groves, L.K. Mahal, C.R. Bertozzi, Control of cell adhesion and growth with
micropatterned supported lipid membranes, Langmuir 17 (2001) 5129–5133.

[93] L. Kam, S.G. Boxer, Cell adhesion to protein-micropatterned-supported lipid
bilayer membranes, J. Biomed. Mater. Res. 55 (2001) 487–495.

[94] G.M. Lee, K. Jacobson, Lateral mobility of lipids in membranes, Cell Lipids 40
(1994) 111–142.

[95] A. Boulbitch, Enforced unbinding of a bead adhering to a biomembrane by
generic forces, Europhys. Lett. 59 (2002) 910–915.

[96] U. Seifert, Configurations of fluid membranes and vesicles, Adv. Phys. 46 (1997)
13–137.

[97] S.S. Dixit, A. Szmodis, A.N. Parikh, Glass bead probes of local structural and
mechanical properties of fluid, supported membranes, Chemphyschem 7 (2006)
1678–1681.

[98] V. Vogel, M. Sheetz, Local force and geometry sensing regulate cell functions, Nat.
Rev. Mol. Cell Biol. 7 (2006) 265–275.

[99] J. Zimmerberg, M.M. Kozlov, How proteins produce cellular membrane
curvature, Nat. Rev. Mol. Cell Biol. 7 (2006) 9–19.

[100] H.T. McMahon, J.L. Gallop, Membrane curvature andmechanisms of dynamic cell
membrane remodelling, Nature 438 (2005) 590–596.

[101] B.J. Reynwar, G. Illya, V.A. Harmandaris, M.M. Muller, K. Kremer, M. Deserno,
Aggregation and vesiculation of membrane proteins by curvature-mediated
interactions, Nature 447 (2007) 461–464.

[102] Y. Shibata, G.K. Voeltz, T.A. Rapoport, Rough sheets and smooth tubules, Cell 126
(2006) 435–439.

[103] G.K. Voeltz, W.A. Prinz, Sheets, ribbons and tubules — how organelles get their
shape, Nat. Rev. Mol. Cell Biol. 8 (2007) 258–264.

[104] D.Y. Sasaki, M.J. Stevens, Stacked, folded, and bent lipid membranes, Mrs Bull. 31
(2006) 521–526.

[105] B. Sanii, A.M. Smith, R. Butti, A.M. Brozell, A.N. Parikh, Bending membranes on
demand: fluid phospholipid bilayers on topographically deformable substrates,
Nano Lett. 8 (2008) 866–871.

[106] K. Efimenko, M. Rackaitis, E. Manias, A. Vaziri, L. Mahadevan, J. Genzer, Nested
self-similar wrinkling patterns in skins, Nat. Mater. 4 (2005) 293–297.

[107] A.M. Brozell, M.A. Muha, A.N. Parikh, Formation of spatially patterned colloidal
photonic crystals through the control of capillary forces and template
recognition, Langmuir 21 (2005) 11588–11591.

[108] A.M. Brozell, M.A. Muha, B. Sanii, A.N. Parikh, A class of supported membranes:
formation of fluid phospholipid bilayers on photonic band gap colloidal crystals,
J. Am. Chem. Soc. 128 (2006) 62–63.

[109] J.T. Groves, Bending mechanics and molecular organization in biological
membranes, Annu. Rev. Phys. Chem. 58 (2007) 697–717.



850 A.E. Oliver, A.N. Parikh / Biochimica et Biophysica Acta 1798 (2010) 839–850
[110] J.H. Crowe, F.A. Hoekstra, L.M. Crowe, Anhydrobiosis, Annu. Rev. Physiol. 54
(1992) 579–599.

[111] A.E. Oliver, D.K. Hincha, J.H. Crowe, Looking beyond sugars: the role of
amphiphilic solutes in preventing adventitious reactions in anhydrobiotes at
lowwater contents, Comp. Biochem. Physiol. A - Mol. Integr. Physiol. 131 (2002)
515–525.

[112] A.E. Oliver, E.L. Kendall, M.C. Howland, B. Sanii, A.P. Shreve, A.N. Parikh,
Protecting, patterning, and scaffolding supported lipid membranes using
carbohydrate glasses, Lab. Chip 8 (2008) 892–897.

[113] D.W. Deamer, M. Akeson, Nanopores and nucleic acids: prospects for ultrarapid
sequencing, Trends Biotechnol. 18 (2000) 147–151.

[114] M.A. Holden, S.Y. Jung, T.L. Yang, E.T. Castellana, P.S. Cremer, Creating fluid
and air-stable solid supported lipid bilayers, J. Am. Chem. Soc. 126 (2004)
6512–6513.

[115] F. Albertorio, A.J. Diaz, T.L. Yang, V.A. Chapa, S. Kataoka, E.T. Castellana, P.S.
Cremer, Fluid and air-stable lipopolymer membranes for biosensor applications,
Langmuir 21 (2005) 7476–7482.

[116] K. Morigaki, T. Baumgart, U. Jonas, A. Offenhausser, W. Knoll, Photopolymeriza-
tion of diacetylene lipid bilayers and its application to the construction of
micropatterned biomimetic membranes, Langmuir 18 (2002) 4082–4089.

[117] K. Morigaki, H. Schonherr, C.W. Frank, W. Knoll, Photolithographic polymeriza-
tion of diacetylene-containing phospholipid bilayers studied by multimode
atomic force microscopy, Langmuir 19 (2003) 6994–7002.
[118] E.E. Ross, B. Bondurant, T. Spratt, J.C. Conboy, D.F. O'Brien, S.S. Saavedra,
Formation of self-assembled, air-stable lipid bilayer membranes on solid
supports, Langmuir 17 (2001) 2305–2307.

[119] J. Aizenberg, D.A. Muller, J.L. Grazul, D.R. Hamann, Direct fabrication of large
micropatterned single crystals, Science 299 (2003) 1205–1208.

[120] A. vanBlaaderen, R. Ruel, P. Wiltzius, Template-directed colloidal crystallization,
Nature 385 (1997) 321–324.

[121] M. Boltau, S. Walheim, J. Mlynek, G. Krausch, U. Steiner, Surface-induced structure
formation of polymer blends on patterned substrates, Nature 391 (1998) 877–879.

[122] P.I. Kuzmin, J. Zimmerberg, Y.A. Chizmadzhev, F.S. Cohen, A quantitative model
for membrane fusion based on low-energy intermediates, Proc. Natl Acad. Sci.
U. S. A. 98 (2001) 7235–7240.

[123] K.C. Huang, R. Mukhopadhyay, N.S. Wingreen, A curvature-mediated mechanism
for localization of lipids to bacterial poles, Plos Comput. Biol. 2 (2006) 1357–1364.

[124] A.M. Belcher, X.H. Wu, R.J. Christensen, P.K. Hansma, G.D. Stucky, D.E. Morse,
Control of crystal phase switching and orientation by soluble mollusc-shell
proteins, Nature 381 (1996) 56–58.

[125] S. Mann, Molecular tectonics in biomineralization and biomimetic materials
chemistry, Nature 365 (1993) 499–505.

[126] A. Monnier, F. Schuth, Q. Huo, D. Kumar, D. Margolese, R.S. Maxwell, G.D. Stucky,
M. Krishnamurty, P. Petroff, A. Firouzi, M. Janicke, B.F. Chmelka, Cooperative
formation of inorganic–organic interfaces in the synthesis of silicate mesos-
tructures, Science 261 (1993) 1299–1303.


	Templating membrane assembly, structure, and dynamics using engineered interfaces
	Introduction
	Controlling membrane organization using chemically patterned substrates
	Controlling membrane curvatures using structurally corrugated substrate interfaces
	Controlling membrane dynamics using switchable substrate interfaces
	Outlook
	Acknowledgements
	References




